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ABSTRACT Cell-wall mechanical properties play a key role in the growth and the protection of plants. However, little is known
about genuine wall mechanical properties and their growth-related dynamics at subcellular resolution and in living cells. Here, we
used atomic force microscopy (AFM) stiffness tomography to explore stiffness distribution in the cell wall of suspension-cultured
Arabidopsis thaliana as a model of primary, growing cell wall. For the first time that we know of, this new imaging technique was
performed on living single cells of a higher plant, permitting monitoring of the stiffness distribution in cell-wall layers as a function
of the depth and its evolution during the different growth phases. The mechanical measurements were correlated with changes
in the composition of the cell wall, which were revealed by Fourier-transform infrared (FTIR) spectroscopy. In the beginning and
end of cell growth, the average stiffness of the cell wall was low and the wall was mechanically homogenous, whereas in the
exponential growth phase, the average wall stiffness increased, with increasing heterogeneity. In this phase, the difference
between the superficial and deep wall stiffness was highest. FTIR spectra revealed a relative increase in the polysaccharide/
lignin content.
INTRODUCTION
Plant cells are surrounded by a wall, which can vary in thick-
ness from 0.1 to several mm according to the phase of growth
and the type of cell. It is composed of interconnecting mole-
cules of cellulose, hemicelluloses, pectin, and lignin. The
cell wall furnishes plants with physical support and protects
them from environmental stress. The mechanical properties
of the cell wall play a pivotal role in the growth of plants.
Also, stiffness of the cell wall has been proposed to play
a major role in control of the cell expansion rate, with low
values being proposed as a precondition for cell growth
and cell-wall expansion (1–3). However, very little is known
regarding the cell wall nanomechanics and its growth-
related dynamics. This is essentially due to the lack of an
appropriate method that could reveal surface and in-depth
wall properties at nanometer resolution in living plant cells.
Also, although growth-related changes in the mechanical
properties of the cell wall reflect structural changes in its
constituent polymers, the interrelationship between these
parameters is poorly understood at the molecular level. At
the macroscopic level, the elastic moduli of plant cell walls
of different compositions have been determined mainly by
tensile or bending tests (4–8). Using atomic force micros-
copy (AFM), it is now possible to characterize the nanome-
chanical properties of living cells under near-physiological
conditions (9). However, as yet, the technique has not been
widely applied to measure the elastic properties of plant
cells (10–13). It also should be mentioned that AFM has
been used to measure the elastic modulus of extracted walls
from cotton, soybean, rice, and wheat (14), but interpretation
of these results is limited, since AFM nanomechanics anal-
ysis has not been performed on living tissues.
Arabidopsis is a frequently used experimental model for
higher plants: not only has its genome been fully charac-
terized, but full-genome DNA chips are available for quan-
tifying the mRNA levels of specific genes and their mutants,
and this plant is therefore considered a powerful model
for cell-wall research (15). Furthermore, the availability of
Arabidopsis as suspensions of single cells facilitates non-
invasive AFM imaging. In this study, AFM was used to
monitor changes in the elasticity of the cell wall of suspen-
sions of Arabidopsis thaliana during the different phases
of growth, namely, after 4, 7, 10, 13, 17, and 20 days of
culturing. For the first time that we know of, using single
cells of a higher plant, we used a new technique, stiffness
tomography (16), to map the wall stiffness distribution as
a function of depth (see Fig. 1). The changes in the nanome-
chanical properties of the cell wall that were observed by
this AFM imaging technique during the different growth
phases were correlated with those in structure, which were
revealed by Fourier-transform infrared (FTIR) spectros-
copy. Using this latter tool, it is possible to identify the func-
tional groups that typify (fingerprint) specific compounds.
We monitored changes in the spectra that characterize the
bonds comprising polysaccharides and lignin.
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MATERIALS AND METHODS
Suspension cultures of A. thaliana
Cell suspensions of cultured A. thaliana (ecotype Columbia) were kindly
provided by the Department of Plant Molecular Biology at the University
of Lausanne. The cells were cultured in Gamborg’s B5 medium including
vitamins (Duchefa Biochemie (Haarlem, The Netherlands) or Sigma (St.
Louis, MO)) and containing sucrose (1.5%), 2,4-D (0.1 mg L1) and kinetin
(1 mg L1), pH 5.7. The cells were subcultured once a week by transferring
20 ml of the suspension to a 500-ml Erlenmeyer flask containing 200 ml of
fresh medium. They were grown at 22C under conditions of continuous
light (150 mmol m2 s1) and constant agitation (140 rpm). The density
of the cell culture was determined spectrophotometrically by measuring
the adsorption of chlorophyll a (l ¼ 646 nm). The cells were sampled
for stiffness measurements and for the isolation of cell walls on days 4,
7, 10, 13, 17, and 20. The pH value of the growth medium was measured
at each juncture.
Measurement of the elastic (Young’s) modulus of
the cell wall by AFM
Before AFM analysis in a Bioscope I (Bruker, Billerica, MA), the cells, sus-
pended in growth medium, were deposited upon glass coverslips that had
been pretreated with poly-l-lysine (0.1 mg$ml1). For the analysis, we
used standard silicon nitride triangular cantilevers with a semi-opening
angle of 20 on average and a nominal spring constant of 0.06 N$m1
(DNP, Tokyo, Japan; http://www.brukerafmprobes.com). The tips we used
for these experiments had a nominal radius of curvature of 20 nm. The
precise spring constant of each cantilever was measured by applying
thermal-noise methodology (17) and using Nanoscope 4.43 software. The
deflection sensitivity was determined before the experiments by recording
a set of force-distance (FD) curves over the petri dish. FD curves were
successively recorded over the surface of the sample using the force-volume
imaging mode with a maximum force of 1.4 nN. An FD curve monitors the
deformation of the cantilever as its tip indents (or penetrates) the sample.
The processing of these curves using specific mathematical models permits
a determination of the mechanical properties of the sample. In our study, the
scan size was set at 5 5 mm or 2 2 mmwith a pixel resolution of 32 32
(viz., 32  32 FD curves were recorded per force volume file). Additional
topographic images were recorded in the classical contact modewith a reso-
lution of 512  512 pixels.
Since AFMmicroscope manufacturers do not provide software dedicated
to process force-volume files, we developed our own computational tools to
extract stiffness tomography data from the native force-volume files (18).
The software was developed in Python language and accepts, in its present
version, force-volume data of different microscopes such as Bruker, Park
(Santa Clara, CA), and JPK (Berlin, Germany). It detects the point of
contact between the tip and the sample using a first-order fit of the off-
contact part of the approach curve. The stiffness is then computed according
to either Sneddon or Hertz models. A more detailed description of the soft-
ware can be found at lpmv.epfl.ch/openfovea.
Stiffness-tomography imaging permits a mapping of the mechanical
properties of the different layers that are encountered by the tip during its
indentation of the sample (Fig. 1 A). This imaging mode is based on the
segmentation of the FD curve (Fig. 1 C) in small segments of 1–100 nm
long that are analyzed separately according to the Hertz model (19). The
length of the segments is adjusted according to the indentation depth,
the FD curve resolution, and its noise. In this study, the segment size was
fixed at 10 nm. A Young’s modulus value is calculated for each of the
segments composing the FD curve. Eventually each segment’s Young’s
modulus value is inserted into a 3D matrix representing the observed
sample. This matrix can be displayed as a 3D volume or sliced along arbi-
trary planes to highlight the mechanical properties of the surface or the inte-
rior of the sample.
All AFM measurements were performed on living cells, in liquid, at
two locations on the cell surface, 5–10 mm apart. At each sampling time,
the force-volume measurements were made on cells that fell into three
size (diameter) categories: small (~15 mm), medium (~50 mm), and large
(~80 mm).
It should be noted again that in this study we used the Hertz model to
fit data obtained by stiffness-tomography imaging. The limitations of this
model applied to our technique were explored by indenting a 2 MPa
polydimethylsiloxane reference material kindly provided by Bruker. These
experiments have shown a slight underestimation of the stiffness for seg-
ments collected in the deeper parts of the sample: the Young’s modulus
was measured to be 1.9 MPa 5 0.3 at 10 nm depth, 1.4 MPa 5 0.2 at
30 nm, and 0.7 MPa 5 0.1 at 50 nm. These errors are inherent to the use
of the Hertz model in stiffness tomography data interpretation and affect
all the samples in a similar way. Therefore, in this work, some caution
should be taken with absolute stiffness values recorded in the deeper parts
of the sample. It should be emphasized that this bias does not affect relative
values, their distribution, or their evolution as a function of time.
Isolation and purification of cell walls
The cells were lyophilized and pulverized. Cell walls were extracted by
mixing the powder with 80% methanol at ambient temperature for 30 s at
4.5 m/s in a FastPrep apparatus (MP Biomedicals, Santa Ana, CA). After
centrifugation (1500  g for 5 min), the pellet was reextracted twice with
80% methanol before being washed according to the methodology
described by Strack et al. (20) and Chen et al. (21). This involved a resus-
pension and 30-min wash of the pellet in 1 M NaCl, then in 0.5% Triton
X-100, and three washes first in distilled water, then in 100% methanol,
and finally in 100% acetone. The isolated cell walls were then dried in a
vacuum.
FIGURE 1 (A) Schematic representation of stiffness-tomography imag-
ing by AFM. The tip of the cantilever is pushed into the sample under
controlled conditions, thereby causing its indentation. The resulting defor-
mation of the cantilever is monitored. This information is used to construct
a stiffness profile of the sample as a function of penetration depth (z-posi-
tion). i, Position of the tip according to the sample; ii, Profile of the indented
spot of the sample (stiffness is coded by different color/gray values); iii, FD
curve displaying the deformation of the cantilever as a function of the
position of the tip (dashed line represents segments fitted with the Hertz
model); iv, Calculated Young’s modulus of the indented spot; v, recon-
structed 3D stiffness tomography matrix of the sample. (B) Optical image
of a typical A. thaliana cell. The shadow of the AFM cantilever is visible
on the right-hand side of the image. (C) A typical FD curve recorded on
a medium-sized Arabidopsis cell.
Biophysical Journal 103(3) 386–394
AFM Stiffness Tomography on Living Plant Cells 387
FTIR spectroscopy of the isolated cell walls
The FTIR spectra of the isolated cell-wall samples were recorded in trans-
mittance mode with the KBr pellet technique, using a Nicolet 6700 spec-
trometer (Thermo Scientific, Waltham, MA).
Confocal microscopy and measurement of the
cell-wall thickness
We used Zeiss LSM 410 confocal laser scanning system based on an
Axiovert 135M inverted fluorescence microscope in transmission and
fluorescence modes. The excitation source was an Ar-ion laser at 488 nm,
a dichroic mirror for 510 nm, and a long-pass emission filter above
560 nm. Scanning time for a 512 512-pixel imagewas 16 s, which showed
an area of 127.8 127.8 mm. The lateral resolution was 0.229 mm using the
100/1.3 objective with immersion oil. The Arabidopsis cells were stained
overnight with freshly prepared 1% aqueous Congo Red solution (Standard
Fluka, Sigma) and rinsing in distillated water (10 min, 3 times). Congo red
stains cell-wall polymers, predominantly cellulose, and thus makes the cell
wall visible.
Statistical analysis of data
A two-way ANOVAwas used for comparison of the average stiffness values
from various sampling dates and the average stiffness values at various cell-
wall depths, as well as to see whether there is interaction between the
sampling dates and cell-wall depths. In cases where there was a difference
of the average values on various days or at various depths, as well as where
interaction was found between them, a Duncan test was used for post hoc
comparison of the average stiffness values on sampling days for different
depths, as well as at different depths for various days. The Duncan test
was also used for comparison of cell-wall thickness among various time
points.
RESULTS
Temporal changes in the optical density and the pH of the
Arabidopsis thaliana cultures are depicted in Fig. 2. The
optical density of the cultures correlates positively with
cell growth (this term comprises both proliferation and
enlargement). Three distinct phases are apparent: a slow
growth phase until day 7, then a rapid, presumably exponen-
tial phase, between days 7 and 10, and finally a stationary
phase during days 13–20. The pH value of the medium
progressively rose between days 0 (5.7) and 17 (8.0).
Fig. 1 B illustrates the appearance of a single cell in an
inverted optical microscope after its attachment to a glass
coverslip. Such optical images permitted us to estimate
the size of each cell and to position the tip of the cantilever
at the desired location on its surface for further AFM
exploration.
Cell stiffness (Fig. 3) was measured as a function of
culturing time and thus of the phase of growth. At each
sampling time, the measurements were made on cells that
fell into three size categories—small, medium, and large
(Fig. S1 in the Supporting Material). Since the results
seemed not to be influenced by the size of the cells, the
pooled values for the three categories are represented.
Special attention was given to the influence of the cell-
wall thickness on the AFM measurments. Finite-elements
simulation demonstrated a minimal influence of this param-
eter on the results, as discussed later in this section (Fig. S4).
The force-volume files were processed to obtain stiffness
values (Young’s modulus) down to a maximal depth of
80 nm from the cell surface. In Fig. 3, stiffness distributions
down to a depth of 10 nm are represented graphically in the
form of histograms and corresponding surface-stiffness
maps are given in false colors (insets: blue, soft pixel; red,
hard pixel) for each sampling time. Stiffness histograms
display the number (y axis) of pixels (i.e., FD curves) that
have a given stiffness (x axis) in a force-volume data file.
After four days of culturing, the stiffness of the cell wall
was fairly low (maximally 0.6 MPa) and the corresponding
distribution curve was narrow. On days 7, 10, and 13, the
stiffness-distribution curves broadened significantly, and
higher maximal values were achieved (1 MPa); hence, soft
and hard regions coexisted within a 10-nm depth of the
cell wall. Between days 7 and 10, the cells underwent rapid
growth, whereas on day 13 they were in a state of transit
between the rapid-growth and stationary phases. The coex-
istence of soft and hard regions could thus be accounted for
by the introduction or reorganization of stiffer material dur-
ing the cell-expansion phase. On days 17 and 20 (stationary
phase of growth), the stiffness-distribution curves again
narrowed, with a shift toward lower values. This phenom-
enon could reflect an expulsion or a reorganization of the
harder material. These temporal changes in stiffness distri-
bution are more readily apparent in the color-coded stiff-
ness maps in Fig. 3 (insets). Here, the blue tones (i.e., soft
areas) dominate at days 4, 17, and 20, whereas stiff domains
(red) predominate at days 7, 10, and 13. Stiffness maps and
histograms were also calculated for various cell-wall depths
between 0 and 80 nm. The pattern of the stiffness change
with growth phases was similar for all depths, and a higher
heterogeneity in the deeper wall layers was observed as well
(Fig. S2).
The histogram in Fig. 4 represents the average stiffness of
a volume of 2000  2000  80 nm (stiffness of an area of
FIGURE 2 Growth curve of a suspension culture of A. thaliana, moni-
tored by temporal changes in optical density at a wavelength of 646 nm
(OD646) and pH-monitored with the passage of time in culture. The error
bars represent standard errors of the repeated optical absorbance measure-
ments for each sample.
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2 2 mm averaged between 0 and 80 nm in depth) as a func-
tion of time. Its value changed during the growth period
studied (Fig. 4), showing a rise in stiffness in the period
from days 4 to 10 and a subsequent decrease between
days 13 and 20. This histogram was obtained by averaging
the stiffness for the small, medium and large cells. The
Duncan test demonstrated that the average stiffness value
on day 10 is significantly different from those measured
on all the other dates. Also, the average stiffness values on
both days 7 and 13 are significantly different from those
on all the other days. Finally, the average stiffness values
on both days 4 and 17 are significantly different from those
on all the other days. Only minor differences in the distribu-
tion of elasticity were observed between the two locations
on each cell. Since neither the surface location nor the
size of the cells influenced the temporal patterns of stiffness
distribution, the phenomenon can be deemed to be governed
exclusively by the phase of growth.
Fig. 5 represents the average cell-wall stiffness as a func-
tion of the depth between 0 and 80 nm, for different times of
cell cultivation. The stiffness was measured in the volumes
of 2000 2000 10 nm, i.e., stiffness of slices of 2 2 mm
and 10 nm thick (averaged values for the three cell-size cate-
gories). On days 7 and 10 (exponential phase), the average
stiffness of the slices increased progressively down to a
depth of 30 nm, with maximal values of 0.7 MPa and 1
MPa, respectively, being achieved at these two junctures.
The Duncan test was used as a comparison to determine
the significance of the difference between average stiffness
values versus depths for each measurement day. As can be
seen in Fig. 5, days 7, 10, and 13 of cellular cultivation
show significant rises in stiffness values at an average depth
FIGURE 3 Cell-wall stiffness profiles of suspension cultures of A. thaliana down to an indentation depth of 10 nm after 4, 7, 10, 13, 17, and 20 days of
cultivation. The histograms are constructed by pooling stiffness values obtained on three cell categories (six cells in total). Each graph corresponds to 6 
1024 FD curves obtained on the three cell categories, with each cell sampled at two different locations. The insets correspond to a single 2 mm  2 mm
stiffness map recorded on a medium-sized cell, arbitrarily chosen for illustration among the recorded data set.
FIGURE 4 Average stiffness of the cell wall (down to an indentation
depth of 80 nm) as a function of cultivation time.
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of 20–30 nm. On days 4, 17, and 20 of cultivation, the
average stiffness difference between various depths is not
significant. The approximate stiffness value was 0.2 MPa.
The thickness of the cell wall is an additional parameter
that can influence the mechanical properties of Arabidopsis
cells. To estimate its importance we first measured cell-wall
thickness as a function of growing stage by confocal micros-
copy. It appeared that the thickness varies between 1.2 and
2.1 mm, with a minimum on days 4, 17, and 20 and a
maximum on day 10 (Fig. S3). To estimate the extent to
which such variations influence the AFM measurements,
we conducted finite-element simulations that demonstrated
that on our cells the cell-wall thickness parameter (which
was set to vary between 1.2 and 2 mm) influences the stiff-
ness measurements in a range of 70 kPa (Fig. S4). This is
lower than the stiffness differences we obtained by AFM
measurements on living cells (150–280 kPa, Fig. 4). It indi-
cates that cell-wall thickness variations during cell growth
can partly influence the cell-wall stiffness, but there is
also considerable effect of other parameters, such as modi-
fications in chemical composition and/or polymerization
state of the wall.
The FTIR spectra of the cell walls at each sampling
time (Fig. 6) revealed the presence of bands that are
characteristic of both lignin and polysaccharides. The band
at 1030 cm1 (C-O, C-C, C-C-O vibration) and that at
1060 cm1 (C-O, C-C, O-C-H vibration) have been assigned
to the glycosidic link in cellulose, xyloglucan, and pectic
polysaccharides (polygaracturonate or pectinate). The band
at 1060 cm1 was absent from the cell walls on day 4, but
appeared thereafter. The band at 1160 cm1 (C-O-C vibra-
tion) has been likewise assigned to the glycosidic link in
cellulose, xyloglucan, and pectic polysaccharides, whereas
that at 1245 cm1 (C-O vibration) is characteristic of pectin
(22,23). The small peak at 1330 cm1, which was most
pronounced in the cell walls between days 10 and 20, has
been assigned to the condensed rings in the monomer
units of lignin (24,25). The band at 1425 cm1, which is
characteristic of C-H stretch in the CH2-groups of cellulose
(22,24,25), was most pronounced in the cell walls between
days 13 and 20. The 1530–1540 cm1 band has been
assigned to an aromatic ring stretching in lignin, and is
considered to be the most characteristic feature of this
macromolecule. The vibration between 1635 cm1 and
1650 cm1 is characteristic of the C¼C bond in both the
ring and the phenylpropanoid monomer side chains of
lignin (24–26). The band at 1740 cm1 originates from the
C¼O bond in ester groups (23–25) and is characteristic
of polysaccharides. In the region between 2500 cm1 and
4000 cm1 (Fig. 6 A, inset) the band at 2900 cm1 and the
broad, unstructured band at ~3400 cm1 correspond to the
CH- and OH- bonds, respectively, characteristic of phenols
and alcohols (here of the lignin origin). The 2D presentation
of the FTIR spectra, in the form of a heat map (Fig. 6 B),
clearly shows decrease in the lignin component during the
cell growth cycle and predominance of the polysaccharide
component between days 13 and 20 of growth.
The ratio between the characteristic lignin and poly-
saccharide peaks in a spectrum has been acquired as a
basis to estimate lignin content relative to the content of
FIGURE 5 Changes in average cell-wall stiffness (5 SE) as a function of
indentation depth, on the 4th, 7th, 10th, 13th, 17th, and 20th days of culture.
The averaged values for the three size categories (small, medium, and large)
are presented. The dots indicating experimental points are connected with
lines for visual clarification.
FIGURE 6 (A) FTIR spectra of the cell walls of A. thaliana, isolated
from suspension cultures on the indicated days of cultivation. (B) The
data from the subfigure A are shown in the form of a heat map. The absor-
bance value for each wavenumber divided by the sum of the column of all
values for that wavenumber is shown using the color code shown at the right
side of the figure. An average spectrum is shown at the top of the figure.
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polysaccharides in a cell wall (27–29). The peak-height
ratios at 1540/1160 cm1, 1540/1425 cm1, and 1540/
1740 cm1 (Table 1) are used to estimate lignin content
relative to that of cellulose þ XG þ pectic polysaccharides
and that of cellulose and esters (of polysaccharide origin),
respectively, in the cell walls. The values of all three ratios
progressively decreased with an increase in culturing time,
which reflects a gradual increase in the content of polysac-
charides relative to that of lignin.
DISCUSSION
Growing plant cells are characterized by a substantial turgor
pressure, which typically ranges between 0.3 and 1 MPa
(1,30). Since the wall is thin (about 1/100 of the diameter
of the cell) and supports the pressure from a large cross-
sectional area of the cell, it must be capable of withstanding
tensile stress. Hence, during cell growth, the cell wall must
be sufficiently strong to equilibrate the high turgor but
pliable enough to permit cell enlargement (1,30). These dif-
ferent needs are presumably reflected in the composition
and architecture of the wall, which contains networks of
interconnected polysaccharides (such as xyloglucans and
cellulose), structural glycoproteins (hydroxyproline-rich
extensins), enzymes, and expansins (3,31,32). The turgor
pressure that develops during plant-cell growth initiates
simultaneous deposition of polysaccharides and their inter-
connection by cross-linkage (33). However, regulation of
the growth process is complex, depending not only on turgor
but also on other cell processes that are coordinately regu-
lated during growth, such as membrane extension, wall
synthesis, osmotic readjustment, cytoskeleton development,
energy and protein production, and many other cellular
processes, including cell division (34). The walls of growing
plant cells are characterized by high synthetic rates and a
selective turnover of polysaccharides, both of which facili-
tate their expansion (2). In dicotyledonous plants such as
Arabidopsis, xyloglucan and galacturonan constitute the
main polysaccharides of the wall (31,35,36).
In this study, the elastic (Young’s) modulus of the cell
wall varied between 0.1 MPa and 1 MPa according to the
phase of growth. Several constituents of the cell wall are
presumed to contribute to its tensile stiffness. These include
microfibrils of cellulose (which are deemed to be the
main strain-bearing structures), cross-linked xyloglucan,
and networks of pectic polysaccharides (3,30,37,38). Lignin
is believed to modulate the elastic properties of the cell
wall via its interaction with other constituents (39,40).
The mechanical properties of such a heterogenous structure
as the cell wall are difficult not only to measure but also
to calculate using classical mathematical tools. However,
sophisticated numerical algorithms can be implemented to
predict the mechanical properties of cell walls. One such
software program was recently described by Kha et al.
(41). The authors modeled the primary cell wall as a com-
posite of four cellulose-hemicellulose networks arrayed in
parallel. Using this virtual model, the software predicted
the mechanical properties of the cell wall by a finite-element
analysis. In a direction parallel to the cellulose microfibrils,
the elastic modulus was estimated to range from 41 to 405
MPa; in a direction perpendicular to the cellulose micro-
fibrils, it was estimated to range from 0.7 to 42 MPa, the
lower values being compatible with our measurements.
Similar values have been reported for various plant tissues,
such as 3.7 MPa (42) and 8–10 MPa (43) for the youngest
measurable internodes of poplar (Populus alba) and winding
liana (Aristolochia macrophylla), respectively, 1–4 MPa for
mesocotyls of maize (44), and 21–28 MPa for Arabidopsis
(A. thaliana) hypocotyls (37).
Cell shape plays a major role in the pattern of wall
stresses. During growth, plant cells attain distinctive shapes,
appropriate for their functions. When surrounded by a struc-
turally homogeneous (isotropic) wall, a cell will expand in
the form of a sphere, i.e., at the lowest level of energy.
One example is photosynthetically active leaf mesophyll
cells, which detach from their neighbors and expand with
a high degree of symmetry to yield a round oval shape
(45). The wall of a long, cylindrical cell will expand prefer-
entially in length. Longitudinally oriented root epidermal
cells illustrate a typical cylindrical shape (46). Although
wall stresses in spherical cells are isotropic, in cylindrical
cells the circumferential wall stress is twice that in the longi-
tudinal direction (30,47). Since Arabidopsis cells grown in
suspension are more or less spherical in shape, one can
expect an isotropic distribution of the wall stresses.
Our measurements revealed that the average stiffness of
the cell wall of Arabidopsis increases during the exponen-
tial phase of growth (days 7–13) and decreases during the
stationary phase (days 17–20, Figs. 3 and 4), thereby indi-
cating different requirements at distinct stages. Moreover,
during the exponential phase, as compared to the stationary
phase, the cell wall was mechanically more heterogeneous
(broad distribution of stiffness values (Fig. 3, Fig. S1, and
Fig. S2), and different values of average stiffness were
recorded at different cell-wall depths (Fig. 5)). In a recent
AFM study, stiffness of various cells in the Arabidopsis
meristem was measured at 100 nm indentation depth; dif-
ferent stiffness values were recorded, in the range 0.7–2
TABLE 1 Height ratios of characteristic lignin and
carbohydrate FTIR peaks in isolated cell wall of A. thaliana
suspension-cultured cells
Days of culture 4 7 10 13 17 20
FTIR peak height ratios I1540/1160 1.16 1.55 1.03 0.90 0.78 0.54
I1540/1740 1.61 1.47 1.67 1.13 1 1.25
I1540/1425 1.48 1.70 1.36 0.96 0.93 0.77
Peak assignations: 1160 cm1, C-O-C vibration of the glycosidic link in
cellulose, XG, or pectic polysaccharides; 1425 cm1, C-H stretch in
CH2 of cellulose; 1540 cm
1, lignin aromatic ring stretching; 1740 cm1,
C¼O stretch in ester groups.
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MPa, depending on the cell localization in the meristem
(13). The results of that study also suggest that the stiffness
of the outer wall is regulated at the cellular level. Our results
show that the walls of Arabidopsis cells in the exponential
growth phase are much stiffer (0.6 MPa on average) than
they are at the beginning and end of the growth process
(0.1–0.2 MPa on average), and that growth-related heteroge-
neous stiffness distribution in the cell wall is highest in the
exponential growth phase as well. All these data indicate
that mechanical heterogeneity of the cell wall may be a
necessary precondition for growth at both cellular and tissue
levels.
Since the capacity of the cell wall to expand is believed to
be influenced by pH (48,49), we monitored this parameter
with the passage of time in culture (Fig. 2). However,
changes in the pH of the medium were not temporally corre-
lated with changes in stiffness. The range spanned during
the 21-day culturing period (pH 5.7–8.0) lies within the
limits that are considered to be normal for metabolically
active cells (50,51). Since the cell wall can be regarded as
a polyelectrolyte, the local concentration of ions can dif-
fer significantly from their concentration in bulk solution
(52). Hence, the pH of the medium does not necessarily
reflect that within the cell wall. Nevertheless, a short-term
influence of external pH on cell-wall activity cannot be ex-
cluded, and the issue is worthy of further investigation.
Similarly, future experiments would be needed to explore
turgor pressure influence on the mechanical properties of
Arabidopsis cells.
Due to the incomplete knowledge of this subject, several
simplified models of growing cell walls have been proposed
(49). They differ in details relating to the spatial location
of the major components and their interassociations. The
changes in the patterns of stiffness that were observed as
a function of indentation depth in our study (Fig. 5) are
consistent with the model in which cellulose is embedded
within layers of hemicelluloses, with pectic polysaccharides
filling the interstices (41,49). The difference in stiffness
between the harder surface and the deeper softer layers of
the cell wall was highest during the exponential phase of
growth (Fig. 5), indicating that at this stage, a need arises
to increase the stiffness gradient in the aforementioned
direction. It has been proposed that cell-wall loosening,
which is necessary for cell growth, may occur only locally.
In this case, water uptake occurs across the whole plasma
membrane, but the wall extends only locally (47). Our re-
sults indicate simultaneous existence of stiffer and softer
regions in the cell wall (Figs. 3 and 5), which corroborates
this theory. But which components of the cell wall are
responsible for these different mechanical properties, and
how are they reorganized or introduced to affect the changes
in stiffness that are observed during growth? By using
chemical and microscopic methods, the presence of lignin
(53) or cellulose (12) on the surface of the cells grown in
suspension has been noted. Cellulose is indeed believed to
constitute ~30% of the dry weight of cell walls (2,31). On
the basis of our own FTIR-spectroscopy data (Fig. 6) and
of the phloroglucinol-staining results (data not shown),
lignin was present in the cell wall of Arabidopsis thaliana
suspension-cultured cells during each growth phase. The
band at 1330 cm1, which has been assigned to the
condensed rings in the monomers of lignin, was most
pronounced in the cell walls between days 10 and 20, thereby
confirming the presence of this condensed form of lignin
during the late stage of exponential growth and during the
stationary phase. According to the FTIR spectra, cellulose,
xyloglucan, and pectic polysaccharides are likewise present
in the cell walls of A. thaliana during each of the growth
phases. The content of these three components increased
relative to that of lignin during the exponential and the
stationary phases (Table 1). The increase in the height of
the peak at 1425 cm1 that occurred between days 13 and
20 indicates that the content of cellulose was higher at the
end of the exponential phase and during the stationary phase
than at the earlier stages. These findings, together with the
stiffness-tomography measurements (Fig. 5), indicate
that a stiffer polymeric network may be formed within the
surface layers of the cell wall and a softer one in the deeper
regions. It has been proposed that during cell growth, a con-
stant production and deposition of cell-wall components
is needed for the cell wall to expand and simultaneously
maintain its firmness (2,3,49). The tomography and FTIR
data together indicate that xyloglucan, cellulose, and pectic
polysaccharides are required during the exponential phase
of growth to furnish the structural conditions necessary for
an expansion of the cell wall. The increase in the height of
the ester band at 1740 cm1, and the parallel disappearance
of the band at 1030 cm1 and appearance of a band
at 1060 cm1 after day 4, as well as the increase in the height
of the band at 1425 cm1 between days 13 and 20, indicate
that the polysaccharides not only undergo structural transfor-
mations but are also newly produced during the expansion
and stationary phases of growth. The changes in types and
content of polysaccharides, namely an increase in cellulose
and xyloglucan, between the phases of division and
stationary growth were previously observed in suspension
cultures of a dicotyledonous plant (54). Hence, the cell
wall manifests structural plasticity in response to the require-
ments of growth. It is structurally organized in such a way
that stiffness changes on the surface can be harmonized
with those in deeper layers. These structural accommoda-
tions are consilient with the two opposing requirements
of growing cells: rigidity to withstand internal turgor
forces, and pliancy to facilitate expansion during growth
(3,30,55).
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